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Abstract

The polysaccharide structure of alginic acid was examined as individual molecules and as dense gels using
tapping-mode atomic force microscopy (AFM). Dilute (picomolar) non-ionic solutions of polymer molecules were
sorbed onto mica surfaces. Under these conditions, the molecules exhibited frequent ‘kinks’ or abrupt right-angle
changes in orientation. It is proposed that the kinks may correspond to chair backbone configurations that are
predicted from the molecular structure of alginate, and occur at linkages between the monomers: a-L-guluronate (G)
and B-D-mannuronate (M). Dense alginate gels (2% concentration) generated under strong ionic conditions (30 parts
per thousand secawater) assumed a repeatable steric arrangement, and exhibited a relative regular spacing of solvent
cavities (namely, H,O) within the gel. This suggests that cation bridges are formed at regular intervals along adjacent
polymers under these conditions. This work demonstrates the utility of tapping-mode AFM for examining the
structure and gel conformation of a pliant polymeric matrix. © 1999 Elsevier Science Ltd. All rights reserved.
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Extracellular polysaccharides (EPS) pro-
duced by bacteria, microalgae, and macroal-
gae are molecules of applied and
environmental importance. EPS form the an-
choring mechanism for biofilm formation [1],
and contribute to microbial-induced metal
corrosion, dental plaque formation, and a va-
riety of human disease processes [2].

The physical properties of EPS are largely
determined by interactions of their chemical
structure with the surrounding ionic environ-
ment. The large molecular weight (generally
> 100 kDa) and anionic nature of EPS allow
these molecules to exist in a continuum of
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physical states, ranging from dense gels to
dilute solutions. Imaging and quantifying the
interactions between adjacent molecules of
EPS are important to understanding how
physical transitions occur between gel and so-
lution states, and more generally, in mediating
biofilm formation.

Atomic force microscopy (AFM) [3] is a
potential tool for observing individual poly-
mer molecules, and further, how they interact
in forming a gel matrix. We imaged alginate
molecules in both gel and solution states using
AFM. Alginate used in this study is derived
from the seaweed Macrocystis pyrifera. Algi-
nate is a heteropolymer, generally greater than
130 kDa in size, and is composed of two
acidic monomers: (1 —4)-linked o-L-guluron-
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ate (G) and (1 —4)-linked B-D-mannuronate
(M). The residues are arranged in irregular
blocks along a linear chain [4]. The gel proper-
ties of alginate are largely due to cation bridges
between adjacent molecules. Therefore, addi-
tions of divalent cations, (mainly Ca’" and
Mg?* ions) will facilitate gel formation. The
binding of Ca®>* by algal alginate has been
shown to be almost entirely due to the chelation
of the cation by G-block regions of the polymer
[5—7]. We used these properties to manipulate
gel and solution states of alginate in order to
observe the structure of single molecules and
polymer networks (that is, gels).

All images were collected with a BioScope
(Digital Instruments, Santa Barbara, CA)
atomic force microscope on an Axiovert 135
(Carl Zeiss, Thornwood, NY) inverted micro-
scope using a NanoScope III controller and
computer (Digital Instruments). Vibration iso-
lation was attained through the use of an invar
stainless steel stage securely fastened to the
optical microscope for high-frequency stability
and a silicon gel cushion under the microscope
for low-frequency stability. The intermittent
contact or ‘tapping’ mode [8] was used to image
samples. Height images recorded in the light
tapping mode accurately reproduce the true
topography of soft samples [9]. The scan range
for a specimen in the tapping mode was typi-
cally less than 2 pm. For observation of hy-
drated specimens, a triangular 200 pm long, 20
um wide cantilever with a pyramidal tip was
mounted in a BioScope fluid cell holder. There-
fore, specimens could be observed under seawa-
ter conditions. Optical data were captured with
an integrating charge-coupling device (CCD)
camera stored in digital format using NIH
Image software (Version 1.55) and a frame-
grabber board (Data Translation, Marlboro,
MA). Adobe Photoshop 5.0 (Adobe Systems,
San Jose, CA) was utilized for subsequent
image processing.

In order to observe individual molecules
using AFM, we used very dilute suspensions
(10 ~1'° M, final concentration) of sodium algi-
nate (Sigma, St. Louis, MO) dissolved in dis-
tilled H,O. To deposit alginate molecules onto
newly cleaved sheets of mica, a small volume
(100 pL) of alginate suspension was pipetted
briefly (~5 s) onto the mica surface, then
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Fig. 1. An enlarged AFM image of alginate molecules (image
size 500 x 500 nm) sorbed on a freshly prepared mica surface.
Note abrupt angled changes or ‘kinks’ (k) in the molecular
shape of polymers (p).

quickly removed by pipette. The surface was air
dried (1 h) in a dust-free enclosure, then imaged
using AFM.

The structure of alginate has been well char-
acterized ([10—13] and others). Fig. 1 shows a
representative image obtained for alginate sam-
ples derived from dilute solutions. Areas of low
polymeric coverage show individual alginate
molecules and thicker strands (Fig. 1). Tracing
across individual alginate strands provides an
estimate of width of the macromolecule, by
measuring the molecular height relative to the
mica surface (Fig. 1). Our measurements show
that the width of single strands (Fig. 2) varies
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Fig. 2. Image analysis of a typical cross-section of single
strands of alginic acid polymers on a mica surface. The
thickness is determined by height (nm) on the y-axis (verti-
cal). Arrows represent markers for width measurements (data
not shown).
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between 1.41 and 4.65 nm (n=20). These
measurements appear to overestimate the
width when compared to those derived from
X-ray diffraction studies of similar glucopyra-
nosyl molecules. The polysaccharide, scle-
roglucan, which is a (1 - 6)-branched
(1 - 3)-B-D-linked glucan, was shown to have
a single-strand polymer width of 0.55 nm
based on X-ray diffraction measurements [14].
Measurements using non-contact mode AFM
have shown the width of scleroglucan to be 1
nm [15]. The observed differences between
measurements derived from X-ray diffraction
and AFM may occur because the chain thick-
ness is convoluted with the thickness of the
AFM measuring tip, a probe-broadening ef-
fect [16]. A second possibility is that the
thicker strands may represent a side-by-side
association of molecules.

The observed variability in the widths of
alginate molecules may be explained, in part,
by the physical structure of the molecule. The
two monomers G and M occur in three major
types of blocks [17]. In their most favored
chair conformations, *C, and 'C,, respectively,
monomers are arranged as a series of block
structures consisting of M-blocks (-M-M-
M-M-); G-blocks (-G-G-G-G-) and M-
G-blocks (—-M-G-M-G-). When an M-G
block is present, there will be an abrupt right-
angle change in the orientation of the polymer
molecule [17]. It is suggested here that the
‘kinks’, when observed in single molecule
preparations as in Fig. 1, correspond to —M—
G- or —-G-M- linkages. Loops or possible
bifurcations were also observed. A bifurcation
may represent a region where there is an
unraveling of adjacent helices into individual
strands.

To prepare alginate gels, we used artificial
seawater containing abundant Ca®?* and
Mg?* ions. It was prepared according to the
Marine Biological Laboratory (MBL) For-
mula for Trace Sea Water, using NaCl =
24.73; KCl=0.62; CaCl,2H,0=1.36; Mg-
Cl,:6H,0 = 4.66; MgSO, 7H,0 = 6.29; KBr =
0.089; NaF =0.003; SrCl,-6H,O = 0.037,
H;BO; =0.024 g/L dissolved in ultraclean wa-
ter (18.2 MQ), adjusted to 30 parts per thou-
sand salinity, and held at a constant pH (8.0)
and temperature (23 °C). A 2% alginate solu-
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Fig. 3. An enlarged AFM image of an alginate gel (2%) in
seawater (30 ppt salinity). (s, solvent cavity; p, polymer; a,
artifact).

tion was made by dissolving sodium alginate
(Sigma) in deionized water (dH,O). Because
the matrices of thick gels (greater than 4050
um thickness) on a mica surface tend to ex-
hibit nonspecific vibrations even when isolated
on vibration-reducing tables, they could not
be used. Instead, we prepared very thin gels by
smearing the concentrated alginate solution
over a clean mica surface, then adding 1 mL
of artificial seawater. The addition of cations,
mainly Ca?* and Mg?*, present in the seawa-
ter rapidly transformed the smeared alginate
solution into a thin gel on the surface of the
mica. This reduced nonspecific vibration and
greatly enhanced the resolution of images.
The gel structure, when observed using
AFM, exhibited a repeating network of sol-
vent cavities and polymeric strands (Fig. 3).
The diameter of solvent cavities ranged be-
tween 22 and 58 nm. The measured thickness
of polymer strands in the gel matrix ranged
from 3.74 to 18.2 nm. Since the thickness of
the gel-strands was greater than those esti-
mated for individual polymeric molecules (1—
3 nm), this suggests that the gel-strands may
represent several polymer molecules arranged
as an aggregate. Such an arrangement would
potentially contribute to a physically stronger
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gel matrix. Artifacts were observed in AFM
images of gel matrices (Fig. 3). These were likely
to be due to lateral or shear forces exerted by
the tip which cause surface features to be swept
aside or smeared out [18].

Another study [16] has utilized immersion in
butanol or other alcohols for imaging poly-
meric molecules using the contact mode. This
improves overall resolution, when compared
with immersion in water. However, alcohols
were not used in our study since they precipitate
polysaccharides and would alter the gel struc-
ture.

The present study demonstrates the utility of
tapping-mode AFM for observing individual
chains and gel network structure of alginate.
Estimations of molecular size, however, must
be viewed conservatively since resolution is
close to the limit imposed by experimental
conditions.
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